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1.0 Introduction
In 2003 Kooragang Island Wetland Rehabilitation Project (KWRP) initiated monitoring of a created
saltmarsh site (Phoenix Flats) on Ash Island. To date the saltmarsh has been allowed to naturally
colonate the wetland area. The monitoring was carried out by students from the University of Newcastle
throughout 2003 and into 2004. A monitoring program was set up according to “A Guide to Monitoring a
Created Wetland at Kooragang Island” (Laegdsgaard 2001). Sampling methods were adapted according
to expertise, time constraints and availability of equipment.
The sporadic nature of data collected so far has resulted in data that although useful could be more
reliable. Despite this, it is evident the site is becoming similar to nearby wetlands at least in vegetation
structure and cover
Based on the analysis of data (see Laegdsgaard, 2009) and the desire for future data collections, a set of
recommendations were identified which are addressed in this report. Additionally, a need for a
comprehensive guide for the implementation of further monitoring was identified. Table 1 shows the
recommendations made and how they were to be addressed.
This document provides a step by step guide to monitoring of the created, control and reference sites
used in the initial monitoring of the site. It is particularly aimed at providing enough information for data
collection by community volunteers or students.
Since data shows that the site is starting to resemble natural saltmarshes nearby, it is suggested that
monitoring can be scaled down to seasonal or annual. Vegetation is the most obvious and most easily
measured component and has yielded the most reliable data to date and should be monitored
continuously.
Other suggestions for monitoring are provided to allow for additional studies if the funding or resources
become available.
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Table 1: Recommendations from data review for changes and additions to monitoring program.

Problem

Recommendation

Variance due to creeks

Change the sampling design to sample stations
amongst vegetation rather than transects.
Unidentified species need to be followed up or at
least given a broad classification into saltmarsh,
weed or grass so that they can be included in
analyses
Zero values must be recorded in field data sheets
to show that sampling has been done and no
fauna was present.
Separate the species identified in the field as
counts on field data sheets. These need to be
transferred to a central database.
Sampling for benthic invertebrates to be restricted
to mudflat areas within the study site.
One off seasonal study over 2 years of vegetation
to show seasonality – Optional
Not necessary for monitoring programme but
would be interesting in terms of species succession
and whether % cover increases or decreases with
season.
Because data is to be collected by a lot of different
people a consistent data entry method is essential
to maintain cohesion of data. There should be a
central database where all data is entered in a
consistent manner.

Unidentified species recording

Fauna data collection and recording unreliable

No differentiation in the species of the mollusc
counts
Benthic infauna collected late and in wrong
locations
No seasonal data recorded

Inconsistencies in data entry

TOC low values in stage 2
TOC decreased in the 10-20cm on stage 1

More samples to be collected to see if it has
increased with time
More samples to be collected to see if it has
increased with maturity of the marsh.
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2.0 Recommended Monitoring
To achieve an overall impression of the success and progress of the created wetland it is necessary to
monitor a variety of physical and biological parameters. Initial data shows that the wetland is
approaching natural nearby marshes in terms of vegetation composition. Now that the saltmarsh has
had a few years to develop it is proposed that vegetation and sediment monitoring continue and a
concentrated effort on fauna be included. The sections below give a brief description of the parameters
recommended for future monitoring.

2.1 Recommended Parameters
2.1.1 Vegetation
Initially, vegetation was a mixture of succulent saltmarsh species such as Sarcocornia quinqueflora and
Suaeda australis and also terrestrial and less saline pasture species. As the system became more saline
with regular tidal inundation the less tolerant species disappeared to be replaced by halophytic
vegetation. Continued measurements of species composition and percentage cover will allow these
changes to be tracked. Due to the high variability of data collected to date it is recommended that
future monitoring be at permanent vegetation stations rather than transects used previously.
Additionally photographs at a regular point within the sites will provide further evidence of growth of
saltmarsh and similarity to nearby sites (ie. Reference sites). At this stage of development of the marsh
annual summer sampling should provide good information.
2.1.2 Mollusc density
Epifaunal molluscs are limited to small gastropods of various species and tend to appear when wetlands
are more developed. Therefore, changes in mollusc communities could indicate the stage of wetland
development and its progression towards a particular estuarine habitat type. Preliminary data has not
shown any molluscs present on the created wetland which may indicate that it has not matured to a
state to support these communities yet. More samples collected will track the appearance of molluscs
over time. Molluscs tend to show greater abundances in spring therefore annual spring sampling is
recommended.
2.1.3 Crabs
Crab hole data has not been collected consistently to date. October 2004 has some reliable data that
may serve as baseline data. Crabs may not be a reliable measure of the faunal community or type of
saltmarsh as they do not occur consistently in saltmarshes. Crabs tend to appear in the early stages of
wetland development when the sediments are soft and can be burrowed into easily. Considering the
created saltmarsh has had 6 years to develop the crab populations may actually have decreased on site.
The reference sites actually showed less abundance of crab holes than the created site in the previous
monitoring which may indicate its immature state.
Crabs are often difficult to sample as they are highly mobile yet very secretive. It is therefore more
convenient to measure their burrows as a surrogate measure of their abundance. It is however
necessary to catch a crab specimen to make a positive identification on the species present. If crab holes
are to be monitored they should be restricted to the mudflat areas in spring.
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2.1.4 Benthic Infauna
Benthic infauna is the fauna that lives wholly within the sediment. It forms a valuable food resource for
fish and birds. It is particularly abundant on mudflats where wading birds take advantage of the various
burrowing creatures with different bill morphologies (ie. long, short, pointy, flat). In saltmarshes
however, there is a paucity of benthic infauna due mainly to the large amount of belowground biomass
generated by the saltmarsh plants. Benthic invertebrates were collected late in terms of marsh
development. It could reasonably be expected that benthic invertebrates would be more abundant
when the site was more mudflat and these would decrease as the marsh develops more root matter. For
this particular created site however given the organic content of the soils and the level of earthworks
there may not have been time for benthic invertebrates to establish at all before saltmarsh colonisation.
Both areas of the rehabilitated site (stage 1 and 2) have been designed to have creek and areas of
mudflat retained over time. The areas of mudflat may therefore develop a community of benthic
infauna as the tide brings in animals to colonise the soft sediments. These areas should be examined for
infauna as a potential food source for visiting wading birds. Since this will be an initial study into the
abundance and development of fauna on the mudflat areas it is recommended that 2 sampling events
occur per year on mudflats in spring/summer months separated by approximately 6 months.
2.1.5 Insects and spiders
Spiders and insects from most of their orders dominate the terrestrial component of saltmarsh fauna.
Although they are principally land creatures, they can withstand a short period of immersion when the
tide comes in. The abundance and type of insects may be indicative of the state of the saltmarsh. That is
the more spiders and insects the more advanced and closer to natural saltmarshes the area is. Therefore
tracking the abundance and species composition of insects should provide valuable information on the
recovery of the area.
Initial study would be ideally suited to a student project. A comprehensive survey of the insects and
spiders utilizing the sites and compilation of a reference collection would form the basis of a one-off
seasonal study. After this insects could be sampled on an annual spring sampling basis.
Identificaton of insects is not simple for a non-technical person. However it is possible to separate the
insects and spiders into like kinds and do counts. A quick reference guide for identification of future
samples to morphospecies (types) would be beneficial for this task. The collections can be professionally
identified at a later date if and when time and funding become available.
Representative insect samples should be collected from each area of the study site. Insects and spiders
can be measured close to the ground within the low growing vegetation with a standard sweep net
technique. This samples the insects that are actually associated with the estuarine habitat rather than
highly mobile incidental insect species.
2.1.6 Birds
It is clear from preliminary findings that birds are utilising the created site. The Hunter Bird Observers
Group includes the site in their monthly surveys and has noted several species utilising the site for
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roosting, nesting and feeding. These surveys are likely to continue and should be accessed as part of the
data analysis and review process for monitoring of the created wetland.
2.1.7 Total Organic Content (TOC) of Sediments
Plants extract nutrients from the sediments via their roots and incorporate them into growth and
reproduction. Therefore, it is beneficial to understand the concentration of nutrients within the
environment and whether supply and increase is sufficient to sustain the developing plant and animal
populations. With establishment and maturation of the wetland and saltmarsh vegetation microflora
will become more numerous and will break down the vascular plant material into detritus which will in
turn increase the organic content of the sediment. Therefore, monitoring the total organic matter within
the sediments will provide an indication of the rate and state of maturation of the saltmarsh.
When the site was excavated much of the matter excavated remained on site and a lot of root and
vegetable matter was likely mulched into the soil before tidal inundation of the site. This may well have
sided the soil profile form t he start. These organics would have provided nutrients for new saltmarsh
plants establishing within the area. From data collected so far it appears that the surface TOC is
increasing as the roots of saltmarsh establish in the surface layers.
The total organic content of deeper sediments reflect the capacity of the site as a carbon store. The low
TOC of deeper sediments at Phoenix Flats stage1 compared to other sites may reflect the usage of these
nutrients for the increasing plant colonization during the initial stages of marsh development. This may
stabilise with time as the marsh matures. Overall, the TOC levels of stage 2 are lower.
It is important to continue to monitor the trend of TOC within the sites to see the trend of nutrient
availability and storage as the marsh matures. Samples taken twice a year should be able to track the
trend.
2.1.8 Soil salinity
The salinity of the soil has a significant effect on the growth and zonation of plant species. The salinity
will be particularly important for the differentiation between mangrove and saltmarsh. The majority of
mangrove species typically grow best at low to moderate salinities (up to 25ppt) although they can
tolerate higher salinities. Saltmarshes are tolerant at much higher salinities and compete best at
hypersaline concentrations where other plants cannot survive.
Salinity levels from previous monitoring were higher on the created site than reference sites. This
generally aids in the maintenance of saltmarsh communities within the area. Once plant populations
have become reasonably dense over the available land area salinity levels may drop with subsequent
freshwater input (ie rainfall). To maintain saltmarsh communities, salinities need to remain high enough
to exclude mangroves. Monitoring soil salinity will identify the potential for mangrove incursion and also
may identify if there is an abundance of freshwater entering the system. Monthly or bimonthly samples
will enable this to be traced and managed if necessary.
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2.1.9 Fish
It is becoming increasingly more evident that saltmarsh areas are important for fish species as they
utilise the area during high tide for feeding purposes. Sampling for fish within the created wetland area
would provide interesting information on the use by fish of these types of areas, particularly now that
the marsh has had 6 years to develop. If sampling is undertaken annually on a spring tide with the use of
fish traps it is not difficult and could provide valuable information.

2.2 Sampling regime and timing
It is that monitoring follow the sampling regime set out in Table 2. Any additional sampling that occurs
opportunistically would be a bonus. In this way a core data set will be maintained for comparison over
time and any additional data would be a bonus.
Table 2: Summary of sampling regime for suggested parameters and information provided by each.

Parameter

Timing

Information provided

Vegetation % cover

Annual summer

Species of vegetation
present

Annual summer

Site development

Annual summer

Number of molluscs

Annual spring

Insects and spiders

Annual spring

birds

Monthly by Hunter Bird
Observers
Biannual spring/summer

Development of vegetation cover within the
sites
Species succession and cover. Changes in
plant structure over time. Incursion of
weeds and mangroves.
Development of vegetation cover within the
sites
Development of faunal composition of the
created saltmarsh compared to natural sites.
Development of faunal composition of the
created saltmarsh compared to natural sites.
Usage of the created site by various bird
species. Success as a bird habitat.
Development of infaunal communities as a
source of food for wading birds
Nutrient availability for saltmarsh expansion
and growth
Maintenance of soil salinity at a level to
retain saltmarsh and exclude weeds and
mangroves.
Utilisation of the saltmarsh at high tides by
fish species.
Development of faunal composition of the
created saltmarsh compared to natural sites.

Benthic invertebrates
on mudflats
Soil TOC

Biannual spring/summer

Soil salinity

Monthly or bimonthly

Fish

Annual on spring tide

Crab holes (optional)

Annual spring
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3.0 Monitoring Program
3.1 Sampling Sites
The design of the study included reference and control sites in order to track the changes achieved at
the created site as well as any natural variability within saltmarsh areas.
Reference and control sites are included in the sampling regime to track the degree of natural variability
in the area of interest. The control and reference sites will reflect different things with respect to the
rehabilitated area. Control sites represent the “before” condition and should show the greatest
differences when compared to the rehabilitated area. The reference sites approximate the condition to
which the rehabilitation site aspires and will reflect any natural variability or impacts of natural events
such as storms, winds, floods etc.
For this monitoring program there are 4 sites: 1. Phoenix Flats (stage 1 & 2) which is the rehabilitated
site; 2. The control site which is degraded pastureland; 3. Cobban’s Flat which is reference site 1; and 4.
Milhams Pond which is reference site2. The location of all 4 sites is shown on fig 1. Site descriptions are
provided below.

Site 1 – Phoenix Flats – the created saltmarsh site
The constructed site is located on the eastern bank of a shallow ephemeral water body known as either
Milham’s Pond or Norma’s Pond. The site is bordered by roads to the north and east, and Milham’s
Pond to the south and west. Stage 1 (3ha) of the created wetland was completed in November of 2002
while stage 2 (7ha) was added 12 months later and finished in November 2003. The constructed
wetland was designed to allow the site to experience tidal inundation to encourage the establishment of
saltmarsh and mudflats.
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Fig 1 Map of Ash Island showing locations of the 4 study sites and their spatial relationships.
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Site 2 – Pasture – the control site
The control site is a large area of low lying pasture land, left ungrazed for a number of years . This site is
between Cobban's flat and Milhams pond, with grazed paddocks to the north. The control site is
representative of the vegetation structure and abiotic characteristics that existed at the created site
prior to earthworks. The control site is dominated by dense pasture of a small number of grass species
and some rushes and sedges, with small patches of saltmarsh and brackish environments scattered
throughout.

Site 3 – Cobban’s Flat – reference site 1
Located at the northern end of Cobban’s Flat and consists of a combination of replanted native trees
and pasture with saltmarsh leading to a creek and separate water body. These are connected by most
high tides. The marsh has previously been degraded by cattle but has been allowed to regenerate to a
natural saltmarsh over about 8 years. The marsh is dominated by Sarcocornia quinqueflora, Sporobolus
virginicus and Triglochin sp. Pasture borders the site with Kikuyu and Paspalum some spiny rush is also
found in the upper marsh.
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Site 3 – Milhams Pond – reference site 2
Located at the northern end of Milhams Pond it is upstream from the created wetland. This reference
site is closer to what the created wetland is aiming to look like. It has a wider expanse of water and
saltmarsh habitat than reference site 1. Pasture is present at the edges and the separateion between
pasture and saltmarsh is quite distinct. It is very popular with birds due to the shallow water body. It is
dominated by Sarcocornia quinqueflora, Sporobolus virginicus and Triglochin sp. Similar to reference site
1.

3.2 Sampling Points
Permanent transects were used for monitoring purposes as they could be measured repeatedly and any
changes noted. Transects were set at approximately equal distances apart so as to cover the entire area.
Data has revealed that the creek bed through the site has confounded some of the results and made the
existing data highly variable. It is recommended that permanent sampling points be established around
which random quadrats can be sampled. These points will also serve as photo points for a photographic
record of progress. The original transects are to be replaced by sampling stations to be located as shown
in Figure 2.
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Figure 2 Phoenix Flats (stage 1 & 2) showing proposed location of sampling stations.
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3.3 Sampling Regime
The proposed sampling regime for each of the parameters is given in Table 3. The suggested timing and
days required to complete the sampling are given. All sampling that can be completed together are
grouped and suggested times of year are given. This will give an idea of man hours required and
experience levels.

Table 3: Parameters that should be measured along with timing and replication for each one.

Season Timing
Summer Annual

Parameter

Sampling regime
10 quadrats per station

Biannual

Vegetation %
cover
Species of
vegetation
present
Site development
Soil TOC

10 random core samples within the
mudflat zone

Bimonthly

Benthic
invertebrates on
mudflats
Soil salinity

½ field day
1 lab day
½ field day
2-3 lab days

Monthly

birds

3 random sediment samples per
site
Direct observations by HBO

½ field day
½ lab day
Na

10 quadrats per station

4 photographs at each site
6 Sediment cores per site

Days required
1field day

Total days if sampling conducted together 2 field days
2-3 lab days
Spring

Annual

Annual on
highest tide
Biannual

Number of
molluscs
Insects and
spiders
Crab holes
Fish

10 quadrats per station

1 field day

6 integrated samples per site

1 field day
2-3 lab days
1 field day

20 random quadrats within the
mudflat zone
6 fish traps per estuarine site

Benthic
invertebrates on
mudflats
Soil TOC

10 random core samples within the
mudflat zone

Bimonthly

Soil salinity

Monthly

birds

3 random sediment samples per
site
Direct observations by HBO

6 Sediment cores per site

1field day
1 lab day
½ field day
2-3 lab days
½ field day
1 lab day
½ field day
½ lab day
Na

Total days if sampling conducted together 3 field days
7 lab days
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Season
Autumn

Timing

Parameter

Sampling regime

Days required

Bimonthly

Soil salinity

Monthly

birds

3 random sediment samples per
site
Direct observations by HBO

½ field day
½ lab day
Na

Total days if sampling conducted together ½ field day
½ lab day
Winter

Bimonthly

Soil salinity

Monthly

birds

3 random sediment samples per
site
Direct observations by HBO

½ field day
½ lab day
Na

Total days if sampling conducted together ½ field day
½ lab day
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4.0 Field Procedures
4.1 Establishing Permanent sampling stations
Equipment required
•
•
•
•
•
•
•

30 short star pickets
Fluorescent paint
GPS
Data sheet
30 metal tags
Scribing tool
Wire for attaching tags to post

Each station should be chosen so that it is within vegetation areas of the particular site. It is
recommended that 6 sampling stations be located at each site and a GPS reading recorded for each.
A station for photography should also be established for each site. The point should be in the centre of
the site and be labeled.
A star picket driven into the marsh at the sampling station could serve as a marker. The top 10cm of
each picket should be painted with a bright colour (fluorescent paint is ideal). Additionally, the pickets
need to be labeled with a metal tag with the site and station number indented into it. The figure below
shows examples of tags for sampling stations.

PF = Phoenix Flats
ST1 = Stage 1

Phoenix Flats

PF ST1 S1

Photo point

S1 = Station 1

Site

Location

Codes

Created saltmarsh
Created saltmarsh
Reference site 1
Reference site 2
Control

Phoenix Flats Stage 1
Phoenix Flats Stage 2
Cobban’s Flat
Milhams Pond
Control Pasture

PF ST1 S1-S6
PF ST2 S1-S6
CF R1 S1-S6
MP R2 S1-S6
CP S1-S6
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4.2 Vegetation quadrat sampling
Measurements of species composition and percentage cover of vegetation should be measured in 10
random quadrats at each sampling station. Species composition and percentage cover of each species
can be measured simultaneously within the same quadrat. A photographic guide to the plants identified
to date (Table 4) has been provided with this manual for field identification. If unsure about the correct
identification of the plant it should be given an interim name for data purposes and a specimen
collected for correct identification at a later date.
Table 4: Vegetation species identified to date for monitoring purposes

Family

Species

Common name

Plant type

Chenopodiaceae
Chenopodiaceae
Chenopodiaceae
Juncaginaceae
Junceacea
Poaceae
Poaceae
Poaceae
Poaceae
Poaceae
Poaceae
Poaceae
Aizoceace
Cyperaceae
Junceacea
Fabaceae
Polygonaceae
Plantageaceae
Asteraceae
Asteraceae
Asteraceae
Asteraceae
Asteraceae
Asteraceae
Asteraceae
Asteraceae
Asteraceae
Asteraceae
verbanaceae

Sarcocornia quinqeflora
Sueda australis
Atriplex hastala
Triglochin striata
Juncus Kraussii
Sporobolus virginicus
Pennisetum clandestinum

Samphire
Seablite
Orache
Streaked arrowgrass
Sea rush
Salt couch
Kikuyu
Buffalo
Couch
Caterpillar grass
Paspalum
Annual beardgrass
New Zealand spinach
Club sea rush
Spiny rush
Clover
Curled dock
Lambs tongue
Scotch thistle
Dandelion
Aster weed
Common ragweed
Fireweed
Sow Thistle
Yam Daisy
Cats Ear
Coast buttons
Water buttons
Grey mangrove

Saltmarsh
Saltmarsh
Saltmarsh
Saltmarsh
Saltmarsh
Saltmarsh
Grass
Grass
Grass
Grass
Grass
weed
wetland
wetland
weed
weed
weed
weed
weed
weed
weed
weed
weed
weed
weed
weed
saltmarsh
Saltmarsh
mangrove

Stenotaphrum secundatum
Cynodon dactylon (4-6x)
Paspalum dilatatum
Paspalum distichum (2x)
Polypogon monspeliensis
Tetragonia tetragonoides
Bolboshoenus caldwellii
Juncus acutus
Trifolium repens
Rumex crispus
Plantago lanceolata
Onopordum acanthium
Taraxacum officinale
Aster subulatus
Ambrosia artemisiifolia
Senecio madagasscariensis

Sonchus asper
Microseris lanceolata
Hypochaeris radicata
Leptinella longipes
Cotula coronopipoha
Avicennia marina
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Equipment required
•
•
•
•
•
•

1m2 quadrat divided into 100 squares
Plant press
Data sheets
Pencils
Taxonomic keys and plant guides
Plastic bags

Procedure
1. At each sampling station, randomly throw the quadrat onto the vegetation then take measurements.
2. Record the percentage cover of each species of plant by counting the squares that contain that
particular plant.
3. If it is not known what the plant species is take a specimen of the plant and give it an interim name
and plant type until it can be positively identified (eg. Specimen A, grass). Make sure you label the
specimen you have taken with the same interim name for cross-reference later.
4. Repeat this until a total of 10 random quadrats have been sampled at the station.
5. Repeat steps 1-4 for each station within the site.
6. Plants that have been collected should be pressed either in the field on in the laboratory within 24
hours.
7. Specimens of all plants collected should be identified to genus and species using plant keys and
identification guides. Keys to some saltmarsh species can be found in (Adam, 1981) and (Bridgewater et
al., 1981). If positive identification cannot be achieved plants should be forwarded to the Royal
Botanical Gardens for verification. Plants identified to date are given in Table .. and shown on the
reference field cards.
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4.3 Site development photography
Photographs at each compass point should be taken at each sampling station in summer at each site
also for comparison.

Equipment required
•
•

Digital camera
Computer

Procedure
1. Locate the photography point for the site.
2. Take a total of 4 photographs of the site, one facing each compass point.
3. Record the order of all photos taken so that they can be correctly labeled when downloaded onto the
computer.
4. Download photos and store in a digital database and backup CD.
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4.4 Mollusc Density
Mollusc density should be measured in Spring in 10 random quadrats per station at each site.
common molluscs found in saltmarsh are shown in the photos below. These photos can be used for field
identification of molluscs limiting the need for collection.

Equipment required
•
•
•
•
•
•
•
•
•

1m2 quadrat
Microscope
Data sheet
Taxonomic keys
Sample tubes
Plastic sample jars
Storage racks
Waterproof paper labels
70% Alcohol

Procedure
1. Place the quadrat on the ground at the appropriate sampling point.
2. Gently move aside any vegetation and inspect the entire quadrat systematically for molluscs. Count
the individuals of different species present. If the species are not known collect one or two individuals of
each type in a sample container labelled with an interim name (eg Mollusc species A). Use the interim
names to count the remaining molluscs within the quadrats. Record all data on data sheets.
Most molluscs should be able to be identified in the field using the identification sheet .
3. If molluscs are collected for identification, add some 70% alcohol to the specimen jars, this will ensure
they are preserved. Return the samples collected to the laboratory for positive identification.
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4.5 Insects and Spiders
Initial study would be ideally suited to a student project. A comprehensive survey of the insects and
spiders utilizing the sites and compilation of a reference collection would form the basis of a one-off
seasonal study. After this insects could be sampled on an annual spring sampling basis.
At each site 6 integrated samples should be taken. The samples could be taken around the sampling
stations set up at each site.

Equipment
•

•
•
•
•
•
•
•
•
•
•
•
•
•

Sweep net with fine mesh and removable cod end (Sweep nets can be made by replacing
the net on a standard fish hand net with fine curtain material. The cod end can be made by
attaching a plastic tube to the bottom of the net with electrician’s tape. The tube needs to
be about 3cm diameter).
Microscope
250-500ml sample jars “Z” sorting tray or glass petri dishes
70% alcohol
Magnifying light
Rubber bands
Large flat white sorting trays
Fine mesh sample bags (Fine mesh sample bags can be made from the same curtain
material as the net sewn into small bags (approx. 5x12cm)).
Kitchen 1mm mesh sieve
Fine forceps
Taxonomic keys/identification guides
Specimen tubes
Storage racks
Waterproof paper labels

Procedure
1. Collect integrated samples from each site, one at each sampling station.
2. Place a small mesh bag over the cod end of the sweep net with a rubber band.
3. At each sampling station take the sweep net and pass it rapidly over the vegetation close to the
ground (without touching the ground) 5 times within the area surrounding the marker. Between each
sweep take hold of the net near the opening to prevent insects flying out and then shake the net in a
downward motion to make sure all the insects go through the cod end and into the mesh bag. Once 5
sweeps have been made within the area surrounding the marker this is equals one integrated sample
(see figure 3).
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4. Remove the mesh bag by sliding it gently off the cod end of the net without undoing the rubber band.
This will ensure that all the insects remain in the bag.
5. Place the whole bag and its insects into a labelled 500ml jar half filled with 70% alcohol. Replace the
lid and agitate gently.
6. Repeat steps 2-5 for the remaining sampling points in the site placing all the integrated samples for
that site in the one, labelled, container of alcohol.
7. Return all the insect samples to the laboratory for counting and identification.

Laboratory Procedure
1. Remove a mesh bag from a container of alcohol noting the label on the jar.
2. Rinse the bag thoroughly under cold water. Remove the rubber band from the top of the bag and
empty the contents onto a white plastic sorting tray. Turn the bag completely inside out and inspect the
bag carefully to ensure that all the contents have been removed. Once the bag is empty turn it right side
out again and rinse it thoroughly then hang it up to dry for reuse.
3. Inspect the tray under a magnifying light and remove all insects encountered carefully with a pair of
fine forceps. Place the insects into a labelled 70ml sample container with a little 70% alcohol (enough to
cover all insects).
4. Repeat steps 1-3 for all samples taken from the sites making sure to label all samples carefully.
5. Place the insect samples into a “Z” sorting tray (or a petri dish if “z” tray not available) place under the
microscope and sort the insects and spiders into like types. Each of the types should be given an interim
name (eg Species 1 etc) and the number of each type recorded against corresponding area and replicate
number on a data sheet.
6. Place several representatives of each type of insect into a small, labelled sample tube with some 70%
alcohol. These should form a reference collection for future sampling events.
7. Use available keys and identification guides to identify the insects as far as possible. Use the key to
Orders in Appendix 5 as a starting point. Most should then be able to be identified to Family. Useful keys
can be found on the Internet but most require the “Lucid” software for access. The software can be
downloaded free ( http://www.lucidcentral.com/software/player/lucidplayer.htm ) or purchased on CD
from the University of Queensland. Another useful Internet based key can be found at
http://www.agric.nsw.gov.au/Hort/ascu/keys.htm . The two-volume set of books published by CSIRO
called “The Insects of Australia” is also very useful.
8. Repeat steps 5-7 for all insect samples collected.
9. Insect type samples can be sent to CSIRO in Canberra to be expertly identified but this will cost and
may be expensive.
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Figure 3 Procedure for collecting insect species from saltmarsh
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4.6 Crab holes
Crabs are often difficult to sample as they are highly mobile yet very secretive. It is therefore more
convenient to measure their burrows as a surrogate measure of their abundance. Crab holes could be
measured annually in spring in 20 random quadrats within the mudflat zone of estuarine sites.

Equipment
•
•
•
•
•
•
•
•
•

1m2 quadrat
70% alcohol
Data sheet
Specimen jars
Pencils
Taxonomic keys
Plastic bags
Storage racks
Waterproof paper labels

Field Procedure
1. Place the quadrat on the ground randomly within the mudflat area of the site.
2. Gently move aside any vegetation and inspect the entire quadrat systematically for crab holes. Count
the holes present and note if there are differences in sizes of holes (may mean more than one species is
present). Record on data sheets.
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4.7 Fish
Fish traps should be placed only in areas that will be inundated by the tide. It is also advisable to sample
fish only on the highest tides of the year when more traps can be used to better effect. A total of 6 fish
traps should be placed around the site where they will be underwater at high tide.

Equipment
•
•
•
•
•
•
•
•
•

Fish traps
Callipers
Polydrum or large plastic container
1m ruler
Mesh sample bags*
Taxonomic keys
70% alcohol
Tent pegs
Specimen jars

* Mesh sample bags can be made by sewing up some fine mesh curtain material.

Field Procedure
1. Fish traps should be labelled then placed in their appropriate sampling location at low tide on the day
with the highest predicted tides. Secure the traps to the bottom with a tent peg to avoid them floating
away.
2. Leave fish traps in place till the next low tide.
3. Collect all the fish traps. Transfer any fish caught from the fish trap into labelled mesh bags then place
in a large container half filled with 70% alcohol.
4. Transfer fish samples to the lab for identification.

Laboratory Procedure
1. Remove the mesh bags from the 70% alcohol and rinse thoroughly.
2. Remove the fish from each bag and place onto a sorting tray.
3. Count and identify each fish species according to available guides. A useful guide is (Kuiter, 1993)
4. Measure the standard length (from the snout to the start of the tail fin rays) and the total length
(from the snout to the tip of the tail) for each fish with a ruler or callipers. Record.
5. Keep a specimen of each species in a container of 70% alcohol as a reference collection for future use.
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4.8 Benthic invertebrates on mudflats
It is recommended that 2 sampling events occur per year on mudflats in spring/summer months
separated by approximately 6 months. For example sampling could occur in Jan/Feb then again in
Sep/Oct. A total of 10 random core samples should be taken within the mudflat zone of the estuarine
sites only.

Equipment
•
•
•
•
•
•
•
•
•
•
•

Small zip lock plastic bags
1mm mesh sieves
Labels on waterproof paper
10cm diameter cores
70% Alcohol
Magnifying light
Large white flat sorting trays
Fine forceps
Microscope
Taxonomic keys and identification guides
Specimen jars

Procedure
1. Locate area from where sample is to be taken.
2. Push the 10 cm-diameter core into the sediment to a depth of 20cm. Remove the core and place the
sediment into a labelled plastic zip lock bag.
3. Sieve the samples through a 1mm sieve and place contents of sieve into a sample jar with Formalin &
Rose Bengal solution.
4. Return the samples to the laboratory for storage for at least 2 weeks or until processing can be
completed.

Lab Procedure
1. Tip contents of a sample jar into a white plastic sorting tray and add a little water.
2. View the tray under a magnifying light and pick out all the invertebrates from the sample with a pair
of fine forceps. You will need to carefully tease apart any organic matter to ensure that no invertebrates
are missed. Place the invertebrates into a labelled 70ml sample jar containing 70% alcohol.
3. Once all the samples have been sorted and the invertebrates preserved they need to be counted and
identified.
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4. Place a sample into a petri dish and view under a microscope. Sort all the invertebrates into like types.
Each of the types should be given an interim name (eg Species 1 etc) and the number of each type
recorded against corresponding area and replicate number on a datasheet.
5. Place several representatives of each type of invertebrate into a small, labelled sample tube with
some 70% alcohol. These should form a reference collection for future sampling events.
6. Use available keys and identification guides to identify the types of invertebrates as far as possible.
There are keys available for polychaetes from the Australian Museum along with various other
invertebrate species.
7. Repeat steps 5-7 for all insect samples collected.
8. Samples of invertebrate types can be sent to the Australian Museum for confirmation of the species
identified. This may attract a charge.
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4.9 Sediment TOC
Total organic carbon (TOC) should be measured twice a year in spring/summer months. For example
sampling could occur in Jan/Feb then again in Sep/Oct. A total of 6 sediment cores per site are
recommended.

Equipment required
•
•
•
•
•
•

Twist core sampler or 5cm diameter pvc tube with 10cm and 20cm intervals marked
Plastic bags
30ml pyrex beakers
Muffle furnace
desiccator
analytical balance

Procedure
1. With a twist core sampler (which takes samples at a depth of 10cm then again at 20cm) take a
sediment core at each sampling point.
2. Separate the sediment portions taken by the corer into separate labelled zip lock bags. That is, one for
0-10cm and one for 10-20cm for each core taken.
3. Return soil samples to laboratory.
4. Place each soil sample into a separate container and allow to dry completely. In a desiccator is
preferable.
5. Accurately weigh 5g of dried sediment into a preweighed and labelled 30ml pyrex beaker.
6. Heat at 550 degrees C for 2 hours in a muffle furnace, to allow for oxidation of organic matter.
7. Allow samples to cool. Depending on the instrument this could take up to 12 hours duration. When
cool, store in a desiccator to prevent moisture uptake.
8. Reweigh each sample on an analytical balance.
9. Organic content can be expressed as % loss on ignition;
% LOI = (dry sample wt – muffled sample wt) × 100/ dry sample wt
10. Record all information on appropriate lab data sheet.
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4.10 Soil Salinity
Soil salinity should be measured monthly or bimonthly throughout the year. A set of 3 random sediment
samples per site should be collected for analysis.

Equipment required
•
•
•
•
•

Small hand trowel
Plastic bags
Salinity probe
Test tube or sample container
Measuring cylinder

Procedure
1. In the field collect 3 sediment samples from 3 spatially separated stations within the site.
2. With the hand trowel dig out a section of sediment about 5x5cm and 10cm deep. Place sediment into
a labeled plastic zip lock bag.
3. Return soil samples to laboratory.
4. Place each soil sample into a separate container and allow to dry completely. In a desiccator is
preferable.
5. For each sample weigh out 5g of prepared dry soil into each of two labelled specimen tubes.
6. Add 25mL of distilled water to each specimen tube.
7. Stopper the tubes and shake vigorously at regular 10 minute intervals for 1 hour. Some sediment may
be left standing overnight.
8. Measure the salinity in each tube using a water quality instrument. Record on appropriate data sheet.
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5.0 Data storage and analysis
5.1 Storage
For data entry and storage in a database it is very important to maintain consistency across times and
different samplers. In this way no data will be lost and confusion will be avoided. It is essential to put
zero values in the data set where data was collected but
bu the parameter measured was absent in the
field. Data gaps are treated very differently in analyses than zero values. Zero values are considered to
be data while gaps are not. The absence of a species from a site can be a powerful indicator and it is
essential that this type of information is not lost.
Data should be stored in a central database to which all new data collected is added directly from field
and lab data sheets. Many statistical programs need information such as site, time etc. to be numerically
coded. Therefore the database should
s ould be set out this way from the start to avoid extra work when it
comes time to analyse the data. An example of how the database should look is shown belo
below.
Appropriate codes for this monitoring program are also given below. Separate databases should be
maintained for each parameter measured.
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Codes are as follows for data entry
Vegetation

Code

Avicenia marina (Grey mangrove)
Cotula coronopipoha (Water buttons)
Sarcocornia quinqeflora (samphire)
Sporobolus virginicus (sand couch)
Triglochin striata (Streaked arrowgrass)
Sueda australis (Seablite)
Juncus Kraussii (Sea rush)
Bolboshoenus caldwellii lub sea rush)
Atriplex hastala (Orache)
Leptinella longipes (coast buttons)
Pennisetum clandestinum (kikuyu)
Stenotaphrum secundatum (Buffalo)
Cynodon dactylon (4-6x) (Couch)
Paspalum dilatatum (Paspalum)
Paspalum distichum (Caterpillar grass)
Juncus acutus (Spiny rush)
Aster subulatus (Aster weed)
Ambrosia artemisiifolia (common ragweeds)
Senecio madagasscariensis (Fireweed)
Plantago lanceolata (lambs tongue)
Sonchus Asper (sow thistle)

Am
Cc
Sq
Sv
Ts
Saus
Jk
Bc
Ah
Ll
Pc
Ss
Cd
Pd
Pds
Ja
As
Aa
Sm
Pl
Sa

Sites

Code

Phoenix Flats stage 1 (PF1)
Phoenix Flats stage 2 (PF2)
Control Pasture (CP)
Cobbans Flat (CF)
Milhams Pond (MP)

1
2
3
4
5

5.2 Analysis
In many cases it is sufficient to have graphs that depict clear trends unless it is statistical significance
that is being sought. Major trends in the data will be revealed on simple graphs of means with standard
errors (summary statistics).
Summary statistics for graphical purposes can be generated easily from the database if set up correctly.
It is therefore recommended that the data be treated graphically for reporting and review purposes.
Additionally, if the data is entered into a database correctly then it can be analysed statistically with
analysis of variance for trends by a statistician at any time in the future.
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